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We investigate the rheological properties of interpenetrating networks reconstituted from the main cytoskele-
tal components: filamentous actin, microtubules and vimentin intermediate filaments. The elastic modulus is
determined largely by actin, with little contribution from either microtubules or vimentin. However, vimentin
dramatically impacts the relaxation, with even small amounts significantly increasing the relaxation time of the
interpenetrating network. This highly unusual decoupling between dissipation and elasticity may reflect weak
attractive interactions between vimentin and actin networks.

The cytoskeleton of eukaryotic cells is comprised of entan-
gled filamentous proteins that provide structural support and
mechanical stability, enabling cells to resist deformation [1–
5]. It consists predominantly of three independent but inter-
penetrating networks (IPNs): filamentous actin (F-actin), mi-
crotubules and intermediate filaments (IFs). Vimentin inter-
mediate filaments (VIFs) are the most abundant IFs. Without
F-actin or microtubules, cells die; consequently, these two cy-
toskeletal proteins have been studied extensively [6–10]. By
contrast, IFs have not been as widely investigated. Knock-
ing out IFs does not kill cells; however, mutations in IFs lead
to many diseases [11, 12]. Moreover, IFs are very important
for cell mechanics; knocking them out substantially alters the
mechanical behavior of cells [13–18]. The complexity of the
cytoskeletal systems in live cells precludes direct probes of
the specific role of IFs in mechanical behavior. For exam-
ple, knocking out VIFs entirely from cells triggers a cascade
of downstream intracellular chemical reactions whose effects
are not fully known [19, 20]. An alternative method to gain
insight into the underlying contribution of each component
to the mechanics is through studies of networks reconstituted
from the proteins [21]. For example, studies of reconstituted
actin networks demonstrate the contribution of single fila-
ment relaxation dynamics to the high-frequency linear elas-
ticity of networks, whereas the force-extension relation of a
single actin filament accounts for the non-linear behavior of
networks [22, 23]. Similarly, a reconstituted network of pure

microtubules exhibits elasticity that seems to reflect transient
cross-link interactions between microtubules [24]. By con-
trast, in vitro VIF networks exhibit a distinctive behavior of
high stretchability with hardening at large deformations to re-
sist breakage [25, 26]. In addition, studies of IPNs reconsti-
tuted from pairs of components probe the effects of one com-
ponent on the mechanical properties of the other. For exam-
ple, a study of networks composed of F-actin and VIFs dis-
play either stiffening or weakening upon the addition of VIFs,
depending on the F-actin cross-linking density [27]. A re-
constituted network containing both F-actin and microtubules
enables direct measurement of F-actin fluctuations by probing
the bending dynamics of microtubules embedded in an elastic
medium [28]. However, a more complete understanding of the
mechanical properties of cells demands a study of the behav-
ior of the three major cytoskeletal components reconstituted
together to form all three IPNs. Unfortunately, the chemical
buffer conditions typically used to reconstitute each individ-
ual component are incompatible, precluding the formulation
of mixed component IPNs. Consequently, the structure and
mechanical behavior of such networks have never been ex-
plored and the effects of interaction among the three compo-
nents forming such an IPN are not known.

In this Letter, we report the formation of a reconstituted net-
work containing physiologically-relevant concentrations of all
three cytoskeletal proteins: F-actin, microtubules, and VIFs.
We characterize the structure of the IPN using scanning and
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FIG. 1. (color online) (a) TEM image of a cytoskeletal network,
containing F-actin (red), microtubules (yellow), and VIFs (green).
(b) Confocal image of a network composed of 1 mg/mL F-actin (red),
1 mg/mL microtubules (green) and 0.5 mg/mL VIFs (unlabeled). (c)
SEM image of the three-component cytoskeletal network. VIFs are
colored green.

transmission electron microscopy, as well as confocal fluores-
cence microscopy; we probe the network mechanical prop-
erties with two-point microrheology, using micrometer-sized
particles embedded within the reconstituted networks. We
find that the addition of VIFs to networks of F-actin and mi-
crotubules constrains the fluctuating motion of the probe par-
ticles, suggesting that VIF networks are more flexible and fill
space more than the other two networks. The elastic modu-
lus of the IPN is largely determined by the F-actin concen-
tration; by contrast, neither microtubules nor VIFs affect the
elastic modulus significantly. Instead, addition of VIFs, even
at very low concentrations, significantly increases the network
relaxation time, transforming an otherwise liquid-like actin
network into a solid. Such independent control of relaxation
time, with no effect on the magnitude of the modulus, is rare
and suggests a purely dissipative mechanism that does not im-
pact elasticity and which may be induced by the weak molecu-
lar interactions between the VIF tail domain and F-actin. Our
findings determine the contributions of each component of an
IPN, providing important insights into their mechanical prop-
erties.

Assembly of IPNs requires polymerization of each of
the proteins simultaneously; this is challenging because the
buffers for each are not compatible with one another [25, 27,
29, 30]. We find a combination of buffer components that
allows each protein network to be individually reconstituted.
For each sample, we prepare an assembly buffer at the re-
quired concentration. To this, we add the individual protein
stock solutions at appropriate concentrations to produce the
final solution. We equilibrate this mixture at 37 ◦C for 200
min to assemble the polymer networks.

We use transmission electron microscopy to directly visual-
ize the assembled networks [31]. The sample forms an IPN of
all three components as shown in Fig. 1(a). Each component
has a distinct appearance: F-actin (red) has a helical structure
and a diameter of 4-7 nm; microtubules (yellow) are thicker
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FIG. 2. (color online) (a)-(f) Two-dimensional heat maps of proba-
bility distributions of particle positions in various networks, showing
the means (lines) and standard deviations, σ̄ (circles). Scale bar: 200
nm. Letters in legends represent network components. A: 1 mg/mL
F-actin; M: 1 mg/mL microtubules; V: 0.5 mg/mL VIFs. (g) Time
and ensemble-averaged mean-squared displacements of probe parti-
cles.

and striped; and VIFs (green) have diameter between the other
two.

To characterize the IPN in a more natural and dynamic
state, we fluorescently label F-actin and microtubules. There
is no fluorescence labeling method that maintains protein sta-
bility for VIFs. We use a confocal microscope (Leica TCS
SP5) to image the reconstituted protein networks, and confirm
that the polymers form IPNs, as shown in Fig. 1(b).

To investigate the network dynamics of the three cytoskele-
tal polymers, we add 1 µm-diameter PEG-coated fluorescent
particles (F8823, Life Technologies) to the mixture of the pro-
tein monomers at a final volume fraction of 10-3. The sample
chamber is maintained at 37 ◦C [31]. We image the particles
using a wide field fluorescence microscope (Zeiss Axio Ob-
server Z1) with a CMOS camera (Hamamatsu Flash4.0 V3)
and a 40X water-immersion objective, yielding 162.5 nm per
pixel; for each sample run, we acquire 20,000 frames at 10
ms per frame. To minimize wall effects, we collect images
60 µm away from each coverslip. In each case, we prepare at
least three samples and collect at least three videos at differ-
ent places in each sample. To facilitate comparison, we set the
concentration of each cytoskeletal component to be: F-actin at
1 mg/mL (A), microtubules at 1 mg/mL (M), and VIFs at 0.5
mg/mL (V). We study samples of each of the three pairs, AM,
AV and MV, as well as the sample of all three, AMV. For com-
parison, we also study samples of F-actin and VIFs alone, but
not microtubules alone, since their network is not a solid.

To visualize the particle motion, we plot a heat map of the
particle position distributions over time of all measured par-
ticle trajectories. We set average position of each trajectory
at the origin. The tracer particles are primarily constrained
within the darker yellow area shown in Figs. 2(a)-(f). We
characterize the width of the distributions by the standard de-
viations, σ̄. For V, σ̄ = 122 nm, as shown by the circle
in Fig. 2(a). The addition of microtubules, MV, slightly in-
creases confinement leading to σ̄ = 118 nm, as shown in
Fig. 2(b). Compared to VIFs, the particles in the actin net-
work, A, are less localized, σ̄ = 169 nm, as shown in Fig. 2(c).
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The addition of microtubules to the actin network, AM, has
little effect on particle confinement, σ̄ = 153 nm, as shown
in Fig. 2(d). However, when we combine VIFs and F-actin,
AV, the particles are much more constrained, σ̄ = 52 nm, as
shown in Fig. 2(e). The particles are even more constrained
upon addition of microtubules, AMV, σ̄ = 24 nm, as shown in
Fig. 2(f). In each case, the microtubules only slightly increase
confinement, as seen by comparing the left and right columns
in Fig. 2(a)-(f). By contrast, the combination of F-actin and
VIFs leads to very strong confinement, as shown in Figs. 2(e)
and (f).

To quantify the behavior, we calculate the particle mean-
squared displacement (MSD). In all cases, the MSD rises at
short τ and approaches a plateau, consistent with the heat
maps, as shown in Fig. 2(g). The plateau values are consis-
tent with the heat maps, with the two combinations containing
VIFs, AV and AMV, having much lower plateau values of the
MSD than do the others, and with AMV having an even lower
value, as shown in Fig. 2(g). At very short τ , the MSD ex-
hibits a power law dependence. For the samples with VIFs,
the initial behavior is consistent with an exponent of 0.75,
as shown in Fig. 2(g). By contrast, in the absence of VIFs,
the data are more consistent with an initial viscous response
and exponent of 1, as shown in Fig. 2(g). An exponent of
0.75 is expected for semiflexible networks at short times [36–
39], although deviations from this are often observed for semi-
flexible networks when depletion effects lead to a decrease in
concentration of the polymer in the immediate vicinity of the
probe particles [40].

To more fully characterize the network, we determine its
mechanical properties using microrheology. To mitigate the
potential effects of depletion, we use two-point microrheol-
ogy [35, 41]. We cross-correlate displacements of pairs of
tracer particles and determine the component along the line
of the centers of paired particles. We apply the generalized
Stokes-Einstein relation to obtain the viscoelastic properties
of the cytoskeletal networks over four decades of frequency,
f . For all samples, when the separation between the paired
particles, r, is in the range of 3< r <25 µm, the correlated
motion along the line of the particles centers is inversely pro-
portional to r, indicating that the medium can be treated as ho-
mogeneous. All two-point microrheology measurements are
performed within this region. At the intermediate frequency
regime, the network is elastic, with the elastic modulus, G′,
greater than the viscous modulus, G′′. The elastic modulus is
weakly frequency-dependent, G′ ∼ f0.1, and we define the
plateau elastic modulus G0 at the center of the range. At high
frequencies, G′′ > G′ and G′′ ∼ f0.75 for all data as shown
in Figs. 3(a)-(d). At low frequencies, G′′ increases to a peak
and then decreases with decreasing f , but remains greater than
G′; this behavior reflects the low-frequency relaxation of the
network. We define the relaxation time τr as the inverse of
the frequency where G′ = G′′. These characteristics are typ-
ical of semiflexible polymers, and the functional form of the
rheological behavior can be quantitatively captured by theo-
ries for semiflexible polymer networks [42]. The sample with

pure VIFs is a very weak but still elastic network with G0 ∼
0.03 Pa, as shown by the gray symbols in Fig. 3(d), consistent
with the large plateau in the MSD and the broad heat map in
Fig. 2. By contrast, the sample with a combination of F-actin
and microtubules has a much larger G0 ∼ 0.7 Pa. This is in
sharp contrast with the behavior expected from the constraints
in the data in Fig. 2, where the AM sample is very close to the
V sample. This confirms the presence of depletion effects and
validates our use of two-point microrheology. Similar behav-
ior is observed for the sample with only F-actin.

To explore the consequences of VIFs on rheological prop-
erties, we fix the F-actin concentration, cA, at 1 mg/mL and
the microtubule concentration, cM , at 1 mg/mL, and vary the
VIF concentration, cV , in three-component networks. As cV
rises, G0 increases only slightly, as shown by the blue lines in
Fig. 3(a)-(d). The change of G0 is less than 0.5 Pa as cV is
varied from 0 to 0.7 mg/mL, as shown in Fig. 4(a). By con-
trast, the crossover frequency is lowered significantly as we
add VIFs, reflecting a considerable increase in the network
relaxation time, as shown by the red lines in Fig. 3(a)-(d). We
find that τr increases about ten fold over the range of cV mea-
sured, as shown in Fig. 4(b). To qualitatively understand this
behavior, we consider the relaxation of an individual actin fil-
ament, which is due to reptation in a “tube” formed by neigh-
boring filaments [43, 44], as shown schematically in the insert
of Fig. 4(d). The addition of VIF adds additional constraints
for the relaxation of the F-actin. This is consistent with the
scanning electron microscopy (SEM) imaging of the three-
component cytoskeletal networks, which shows VIFs wrap-
ping around and contacting the other cytoskeletal filaments,
as shown in Fig. 1(c). Surprisingly, however, the additional
constraints due to the VIFs within the reptation tube do not
significantly alter G0; this is because the VIF network is so
soft. Instead, the VIF network only slows the relaxation of F-
actin. This behavior is highly unusual as typically relaxation
and elasticity are coupled. This must reflect some form of vis-
cous dissipation, which could arise from the weak interactions
between the VIF tail domain and F-actin [45].

To explore the nature of the elastic behavior, we investi-
gate the role of F-actin and the addition of VIFs. We consider
only an IPN of F-actin and VIFs, because microtubules have
a smaller effect in the IPN. This is clearly seen, for example,
in the data for the mixed network with cA = 1 mg/mL, cM
= 1 mg/mL, and cV = 0.5 mg/mL, shown in Fig. 3(b). The
elastic moduli remain nearly identical when microtubules are
removed, with only a slight change in the low-frequency re-
laxation [31]. This behavior is also consistent with the obser-
vation that microtubules do not affect the linear elasticity of
IPNs of F-actin and microtubules [46].

For reference, we measure the frequency-dependent rheo-
logical properties of a pure F-actin network at 2 mg/mL. The
plateau in the intermediate frequency regime is barely dis-
cernible, indicating that the network is almost liquid-like, as
shown by the solid gray circles in Fig. 3(e). However, upon
addition of only a small amount of VIFs, cV = 0.5 mg/mL,
the F-actin network becomes dramatically more solid-like; the
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FIG. 3. (color online) (a)-(d) Frequency-dependent elastic moduli
G′(f) (solid symbols) and loss moduli G′′(f) (open symbols) of
three-component cytoskeletal networks. Concentrations labeled in
mg/mL in lower right, A: F-actin; M : microtubules; V : VIFs.
Blue lines in (a)-(d) indicate plateau elastic moduli, which barely
change with cV . Network crossover frequency (red lines) decreases
as cV increases. (e)-(h) Frequency-dependent rheological properties
of VIF/F-actin networks. Relaxation time (yellow lines) decreases as
cA increases, while plateau elastic modulus (green lines) increases
with cA. Concentrations are labeled in mg/mL in lower right.

relaxation time becomes much longer and the storage mod-
ulus remains independent of frequency over a much longer
range; nevertheless, there is only a slight increase in G0, as
shown in Fig. 3(e). The addition of VIFs to form an IPN has
a dramatic effect extending well beyond a direct addition of
the two moduli [34]; although the VIF moduli are much less
than those of F-actin, their sum has a dramatically different
shape [31]. The effects of VIFs on the IPNs become even
more pronounced as cA is decreased: The F-actin networks
become even more liquid-like and cannot be measured by our
microrheology method, because the probe particles sediment
too rapidly. Nevertheless, with the addition of VIFs at cV =
0.5 mg/mL, the IPN remains solid-like over an extended fre-
quency range, again reflecting the synergistic interaction of
the two components, rather than a direct sum of the moduli.

As cA decreases, G0 of the IPN decreases significantly, and
is dominated by the contribution of F-actin, as shown by the
solid green lines in Fig. 3(e)-(h). The behavior of G0 follows
a power law in cA with an exponent of about 1.5, as shown in
Fig. 4(c); this value is smaller than that of pure actin networks,
which is ∼2.2 [22, 25]. Although the networks remain solid,
the relaxation becomes faster as cA increases, as shown by
the yellow lines in Fig. 3(e)-(h). As cA increases, τr initially
decreases sharply, but then goes through a minimum and be-
gins to increase again, as shown in Fig. 4(d). We attribute the
initial sharp decrease to the increase in cA, which dilutes the
relative number of VIF/F-actin contacts imposed by the fixed
concentration of VIFs. The increase in τr at the highest cA
reflects the contribution of the F-actin itself, which increases
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the network elastic modulus.
The addition of a VIF network that interpenetrates an actin

network results in a dramatic increase in the solid-like charac-
ter of the actin network, not through an increase in the elastic
modulus, but through a significant increase in the relaxation
time. This behavior could have very significant consequences
for the networks in cells. To explore this possibility, we add
myosin motors to the actin networks in the presence of the VIF
and determine the contractility of the actomyosin complex.
Initially, the activity of the myosin is inhibited by the addition
of blebbistatin. We use a 488-nm laser to abolish this inhibi-
tion and allow the contractility to commence. The presence
of VIF networks leads to much more rapid actomyosin con-
tractility and results in a significantly more dense contracted
structure, as shown in the three videos in Supplemental Mate-
rial [31]. This is consistent with the behavior expected for a
more solid-like network, confirming that the VIF also has an
essential effect on a contractile actomyosin network. In ad-
dition, since F-actin in cells is always crosslinked, we investi-
gate an IPN consisting of 1 mg/mL microtubules and 1 mg/mL
F-actin crosslinked with 1% biotinylated actin and strepta-
vidin; upon addition of 0.5 mg/mL VIF, the three-component
IPN becomes more solid-like, but G0 does not change appre-
ciably.

The results presented in this paper highlight the essential
contribution of VIFs to the rheological properties of IPNs.
The VIFs do not significantly contribute to the plateau elas-
tic modulus of the network; instead, they extend the elastic
regime to longer time scales, leading to a significant increase
in the network relaxation time. Such an increase in the relax-
ation time, with no concomitant increase in the plateau elastic
modulus is very unusual, as these two quantities are normally
coupled and change simultaneously. The structural interac-
tions between VIFs and F-actin in cells can modify the relax-
ation time by contributing to local molecular crowding in cy-
toskeletal networks. The interplay between the two networks
also facilitates contraction induced by motor proteins. These
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results help rationalize the complex behavior of VIFs in cells,
where they are reported to impact cell motility [14, 15]. Given
that the primary contribution of VIFs to cell mechanics is at
long time scales, VIFs may play a key mechanical role in cells
that undergo cancer metastasis, wound healing, or other slow
dynamical physiological processes.
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the Fonds de recherche du Québec - Nature et technologies
(FRQNT) for funding.

[1] N. Wang, J. P. Butler, and D. E. Ingber, Science 260, 1124
(1993).

[2] K. E. Kasza, A. C. Rowat, J. Liu, T. E. Angelini, C. P. Brang-
wynne, G. H. Koenderink, and D. A. Weitz, Current Opinion
in Cell Biology 19, 101 (2007).

[3] D. A. Fletcher and R. D. Mullins, Nature 463, 485 (2010).
[4] T. Hohmann and F. Dehghani, Cells 8, 362 (2019).
[5] J. S. Park, C. J. Burckhardt, R. Lazcano, L. M. Solis, T. Iso-

gai, L. Li, C. S. Chen, B. Gao, J. D. Minna, R. Bachoo, R. J.
DeBerardinis, and G. Danuser, Nature 578, 621 (2020).

[6] L. Blanchoin, R. Boujemaa-Paterski, C. Sykes, and J. Plastino,
Physiological Reviews 94, 235 (2014).

[7] G. Salbreux, G. Charras, and E. Paluch, Trends in Cell Biology
22, 536 (2012).

[8] S. Etienne-Manneville, Annual Review of Cell and Develop-
mental Biology 29, 471 (2013).

[9] J. H. Shin, M. L. Gardel, L. Mahadevan, P. Matsudaira, and
D. A. Weitz, Proceedings of the National Academy of Sciences
101, 9636 (2004).

[10] M. Dogterom and G. H. Koenderink, Nature Reviews Molecu-
lar Cell Biology 20, 38 (2019).

[11] F. Danielsson, M. K. Peterson, H. Caldeira Araújo, F. Lauten-
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[30] M. P. López, F. Huber, I. Grigoriev, M. O. Steinmetz,
A. Akhmanova, M. Dogterom, and G. H. Koenderink, Methods
in enzymology 540, 301 (2014).

[31] See Supplemental Material at [url] for supporting information,
which includes Refs. [32–35].

[32] H. Herrmann, I. Hofmann, and W. W. Franke, Journal of
Molecular Biology 223, 637 (1992).

[33] H. Wu, Y. Shen, D. Wang, H. Herrmann, R. D. Goldman, and
D. A. Weitz, Biophysical Journal 119, 55 (2020).

[34] T. Golde, C. Huster, M. Glaser, T. Händler, H. Herrmann, J. A.
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