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An important goal of self-assembly is to achieve a preprogrammed structure with high fidelity.
Here, we control the valence of DNA-functionalized emulsions to make linear and branched model
polymers, or ‘colloidomers’. The distribution of cluster sizes is consistent with a polymerization
process in which the droplets achieve their prescribed valence. Conformational statistics reveal that
the chains are freely-jointed, so that the Kuhn length is close to one bead diameter. The end-to-end
length scales with the number of bonds N as Nν , where ν ≈ 3/4, in agreement with the Flory
theory in 2D. The chain diffusion coefficient D approximately scales as D ∝ N−ν , as predicted
by the Zimm model. Unlike molecular polymers, colloidomers can be repeatedly assembled and
disassembled under temperature cycling, allowing for reconfigurable, responsive matter.

Experimental models of molecular polymers on the col-
loidal [1–7] or granular length scales [8–14] have been
proposed in the literature. These studies have demon-
strated how particle specificity, shape anisotropy, or non-
equilibrium interactions can lead to the formation of
chains. Assembly occurs either through thermal agita-
tion, or the particles are aligned by external drives, such
as gravity, capillarity, shaking, or magnetic and electric
fields [10, 15]. Despite these innovative proofs-of-concept,
it remains an experimental challenge to design particles
that self-assemble into flexible chains in bulk, leading to
analogues of polymer solutions on different length scales.

Here we demonstrate a promising avenue for self-
assembly, in which thermal activation leads to the poly-
merization of DNA-coated droplet monomers into chains,
i.e. ‘colloidomerization’. The process of chain growth fol-
lows random aggregation, such that the average weight
of the colloidomers and its statistical distribution can be
predicted theoretically. These colloidal polymers allow
for the visualization of micron-sized monomers, a length
scale that is inaccessible in molecular systems. Having
access to the conformational dynamics of a large pool of
chains allows us to study their statistical physics.

While polymer theories have been validated at the
single-molecule level using DNA imaging and force spec-
troscopy [16–18], our experimental model system exam-
ines whether these theories hold on colloidal length scales.
The most important advantage of using droplets instead
of solid particles as the monomer units is that the DNA
bonds between them are fully mobile along the droplet
surface. The droplets can therefore rearrange after bind-
ing and dynamically explore their equilibrium structures
on a timescale fixed by the droplet diffusion constant.
Therefore, these colloidomers behave like freely-jointed
polymers. By contrast, solid colloidal polymers can have
limited flexibility [5, 15, 19]. Flexible DNA-linked
colloids have been synthesized in several different ways
[1, 2, 20–23]. Here, we utilize that flexibilty to make
flexible colloidal polymers in bulk.

We find excellent agreement between the data and the

scaling exponents predicted by the Flory theory of 2D
freely-jointed chains with excluded volume, down to a
chain size of only a handful of droplets. The self-diffusion
coefficient of the colloidomers follows the Zimm scal-
ing with length, highlighting the importance of hydro-
dynamic interactions.

One important difference between colloidomers and
molecular polymers is that their particulate nature al-
lows us to control monomer interactions to trigger chain
assembly, disassembly, and reconfiguration. For exam-
ple, here we show that cycling temperature to melt and
reassemble the DNA bonds between the droplets can pro-
duce statistically similar distributions of chains. Previ-
ously, we have shown that the linear sequence of droplets
with different DNA flavors can be programmed via DNA
toe-hold displacement reactions [2]. In the future, these
chains will serve as backbones for colloidal folding into
complex 3D structures via secondary interactions, as pro-
posed in [9, 24].

To achieve a good yield and high fidelity of chains,
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FIG. 1. (a) A schematic of the DNA-lipid construct grafted
on the droplet. (b) Mixing emulsions with complementary
DNA strands leads to their binding to form a trimer. (c) A
bright-field image overlayed with a fluorescence image shows
adhesions in self-assembled droplet chains. Scale bar is 5µm.
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FIG. 2. Bright-field ((a), (b), (c)) and fluorescence ((d),
(e), (f), images of droplet structures show an increase in va-
lence as a function of CDNA. Attaching DNA via fluorescent
streptavidin [25] in panels (d), (e), (f), instead of the chem-
istry described in the main text does not change our results.
Scale bars are 5µm. (g) The number of bonds per droplet
Bn increases, as shown by the average and the mode of the
distributions in the inset.

we synthesize thermal droplets with a uniform cover-
age of sticky DNA, ensuring both fast dynamics and va-
lence control. We make monodisperse PDMS droplets
using a method adapted from [26] and outlined in detail
in [2] (see [21] for a similar process). After we syn-
thesize the droplets, we incubate them with a variable
amount of binding DNA. As shown in Fig.1(a), the DNA
binders are comprised of a pseudo-random spacer of 50
bases, followed by a binding sequence of 20 bases, with
one complementary strand labeled with a Cy3 and the
other with a Cy5 fluorophore (see [25]—which includes
refs [27, 28]—for DNA sequences, designed with software
from ref [29]). This molecule is then reacted with a
lipid (DSPE-PEG2000-DBCO, Avanti) via the copper-
free ring-strain promoted alkyne-azide cycloaddition re-
action [30, 31]. The hydrophobic part of the lipid an-
chors the DNA strands to the surface of the droplet.
We react an additional strand, complementary to the
random spacer prior to the sticky end, with another
lipid molecule. This DNA-lipid complex hybridizes with
that of the spacer of the binding DNA strand, anchor-
ing the entire complex via two lipid molecules instead
of one [32]. This prevents the migration of DNA from
droplet to droplet; the fluorescence intensity remains sta-
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FIG. 3. (a) Distribution of structure sizes for linear chains
and all clusters (b) for the indicated given loadings. The solid
lines are predictions of the random branching model (RBM),
while dashed lines are the results of a Monte Carlo simulation.
The horizontal error bars in (b) indicate monomer bin size.

ble throughout the experiment. The droplet buoyancy
pins them close to the glass surface of the sample cell,
confining the dynamics to two dimensions.

A droplet functionalized with single-stranded DNA
binds to a complementary strand on another droplet [1,
33–35] through DNA hybridization of the single-stranded
(sticky) ends, as shown in Fig.1(b). The choice of two dis-
tinctly functionalized droplets to make a heterocopoly-
mer (instead of a homopolymer) plays also a crucial role
in decreasing, if not suppressing, aggregates with mini-
mal closed loops. The adhesion patch has a much higher
density of DNA than on the perimeter of the droplet, as
shown by the co-localized fluorescent signal in the vicin-
ity of droplet contacts in Fig. 1(c). Since the density of
DNA that can be recruited into a single patch is limited
by geometry, any remaining DNA on the surface of the
droplet can form a second patch with another droplet.
Starting with a 1:1 mixture of complementary droplets
at an area fraction≈ 0.2, we observe that the reaction
rate of droplet-droplet binding increases linearly with the
bulk DNA concentration up to CDNA = 2 pmol, above
which the rate plateaus [25], as expected. Therefore, the
assembly process reaches a steady state after a week for
low CDNA down to a day for high CDNA.

Empirically, at steady state we observe an increase in
droplet valence as a function of CDNA, from dimers in
Fig. 2(a,d), through chains in (b,e), to cross-linked net-
works in (c,f), resembling fibrous gels [36]. For a given
CDNA, we track the droplets in 2D over time [37] to
determine the evolution of the droplet bond network.
We consider two droplets bound only if their bond per-
sists over one minute, consistent with the fact that DNA
bonds are practically irreversible at room temperature.

Figure 2(g) shows the fraction of droplets with a given
bond number Bn at steady state, as a function of CDNA.
The spread in Bn at a given CDNA may arise from
nonuniform DNA coverage between droplets, any residual
polydispersity, or kinetic or steric bottlenecks that pre-
vent the droplets from reaching their prescribed valence.
The inset in Fig.2(d) shows that the average Bn increases
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FIG. 4. Evolution of the bond number distribution of a sam-
ple as a function of time under the temperature ramp shown
in red. The corresponding images of the droplet structures
are shown above. Scale bar is 5 µm.

smoothly with concentration, while the mode (the most
probable Bn value) exhibits a stepwise increase, allowing
us to tune the self-assembly.

Optimizing for valence two at CDNA = 0.2 pmol, the
droplets assemble into linear or branched polymers in
63% of structures, while 28% of droplets remain un-
reacted monomers, and 9% constitute aggregates with
higher valencies. The distribution of cluster sizes is
shown by the distributions in Fig. 3(a) for the subset
of clusters that are in linear chains and in Fig. 3(b) for
all structures. We compare these observed distributions
to both a random branching model and to Monte Carlo
simulations, assuming in both cases the experimentally
measured valence distribution as an input. The random
branching model [25, 38] computes the size distribution
of colloidomers assuming that they do not form loops,
that monomers attach independently, and that each col-
loidomer is saturated, with no unused bonds [25]. Monte
Carlo simulations mimic the experiment following the
procedure outlined in [25].

The close agreement between the experimental results,
the random branching model (RBM), and the Monte
Carlo simulations, implies that the self-assembly is a ran-
dom process, which goes to completion with minimal
steric or kinetic inhibition. Using the measured valence
distribution as the only input, the models reproduce the
experimental distributions of linear chains and cluster
sizes in steady state, as shown in Fig. 3. The data and
simulations are fully consistent with an exponential dis-
tribution of linear chain lengths, while the RBM under-
estimates the fraction of short chains due to a lack of dy-
namics in the model. In all cases, the characteristic chain
length increases with bulk CDNA, offering the possibility
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FIG. 5. (a) A histogram of the explored angular configura-
tions of 876 trimers, corrected for out of plane motion. Angles
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diffusion coefficient for the bond reorganization as a function
of the DNA loading density. There is no correlation between
DNA loading density and bond viscosity.

to generate long chains and test the scaling relations of
flexible colloidal polymers.

This result lends support to the hypothesis that each
droplet has a valence prescribed by the concentration
of DNA molecules on its surface. Fluctuations in the
amount of DNA on each droplet likely arise from the in-
homogeneous loading of the DNA from the bulk onto the
droplets, resulting in an initial distribution of valence.

In contrast to molecular polymers, colloidomers can be
disassembled upon heating above the DNA melting tem-
perature and reassembled into statistically similar chains
upon cooling, as shown by the reversible valence distri-
bution in Fig.4. The exponential decay in the fraction of
monomers (black line) in response to the cooling temper-
ature ramp reveals a rate of droplet binding of 1/7 min,
such that the BN distribution reaches a steady state af-
ter only 20 minutes. The fast reassembly is due to the
presence of pluronic surfactant (F68) in the system. At
high temperatures, the surfactant causes a weak deple-
tion between droplets, increasing the assembly rate far
beyond that observed at room temperature [25]. This
evidence of reversibility in the droplet valence is in agree-
ment with the numerical prediction that aggregation (ag-
ing) dynamics is similar to that occurring in equilibrium
for systems with a low valence [39, 40]. The possibility
to manipulate droplet-droplet bonds by temperature or
using specific DNA reactions [41] presents a useful tool
to configure colloidomer solutions in situ.

Next, we investigate the conformational statistics of
trimers in 2D to test whether the droplet-droplet bonds
are freely-jointed. The bond angle subtended by the cen-
ters of the two end-cap droplets on the center of the mid-
dle droplet is shown in the inset in Fig. 5(b). Apart from
the angle π

3 excluded on both sides of the center droplet,
the histogram in the Fig 5(a) shows that droplets ex-
plore bond angles with a flat probability. To characterize
the angular displacement ∆θ(t), we fit − ln 〈cos ∆θ(t)〉,
which grows as Drott with time, where Drot is the ro-
tational diffusion coefficient (see [25]). This expression
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FIG. 6. Plots of the (a) Re, (b) Rg, and (c) D, normalized by the diffusion of a single monomer (0.12µm2s−1), for linear
emulsion polymers as a function of the number of bonds N , where N + 1 is the number of droplets in the chain. Error bars are
the standard error from measurements of many polymers and time points. (a) and (b) are derived from an analysis of 22,096
different polymers, while (c) is derived from an analysis of 7,119 polymers. Insets show the scaling relations on a log-log plot.

accounts for the bounded nature of the angles. This gen-
eralized law for angular diffusion reduces to the law for
translational diffusion,

〈
∆θ2

〉
' 2Drott, for small ∆θ.

Figure 5(b) shows that the measured Drot does not de-
pend on the concentration CDNA. For our 3µm droplets,
the average value of Drot = 0.008 rad2 s−1 corresponds to
a translational diffusion coefficient of DT = 0.07µm2 s−1.
This value is of the same order of magnitude as the mea-
sured diffusion coefficient of a single monomer, Dm =
0.12 ± 0.03µm2 s−1, and similar to previously reported
values [42]. We conclude that the reorganization of bonds
in space is dominated by the diffusion of the droplet in
the fluid, rather than the DNA patch sliding around on
the droplet surface. The uniform distribution in Fig. 5(a)
also implies that the Kuhn length b of our polymers is the
distance between two bound droplets, i.e. the diameter.

Considering only linear colloidomers from all CDNA
conditions, we characterize the structure of ≈ 22000
chains of lengths ranging from dimers to twentymers.
Figures 6(a,b) show the sublinear growth of the root-
mean-square end-to-end distance, Re =

√
〈R2〉, and the

radius of gyration, Rg, where

R2
g =

1

(N + 1)2

∑
0≤i<j≤N

〈r2ij〉 (1)

as a function of the number of bonds N and the number
of droplets N + 1 in a colloidomer, respectively. Each
point is an ensemble average (in time and space) over
thousands of polymers, ensuring ergodic sampling of the
configurational space. The error bar increases with chain
length because there are fewer long chains.

We find that both size parameters scale in good agree-
ment with the Flory theory of a self-avoiding polymer
[43], which happens to be exact in 2D [44], as Re = bNν

and Rg = αbNν , where α is a unitless constant, b corre-
sponds to the Kuhn length, and ν = 3/4. A real polymer
can be treated as an ideal polymer of N segments with

length equal to the Kuhn length. Specifically, fits to the
data yield b = 1.0 ± 0.03 diameter, α = 0.3 ± 0.02, and
exponents ν = 0.72 ± 0.03 and 0.79 ± 0.02 for Re and
Rg, respectively. A measurement of b = 1 droplet diam-
eter confirms that the Kuhn length is one droplet. It is
surprising that short chains already obey the scaling law
which is supposed to apply in the asymptotic N → ∞
limit only. One explanation is that the Ginzburg param-
eter is at its upper limit [45]. The Ginzburg parameter
for a polymer chain in d dimensions is given by the ra-
tio v/bd, where v is the excluded volume of a monomer
and b is the segment length [46]. In our case, the segment
length is very nearly equal to the diameter of the excluded
area. Accordingly, unlike regular polymers and particu-
larly semi-flexible ones (e.g. dsDNA), our colloidomers
exhibit no regime of polymer chain length with marginal
self-avoidance. Therefore, the large N scaling is visible
beginning with the shortest of chains and agrees with
scaling laws in molecular polymers, including DNA [18]
in the large N limit. Future work will investigate the
scaling in 3D using density matched chains.

Next, we measure the dynamics of the colloidomer
through the diffusion of its center of mass. Our sys-
tem consists of micron-sized droplets rearranging in a
fluid, which implies hydrodynamic correlations between
the monomers. The diffusion of a coil is described by the
Zimm theory, which predicts that the diffusion coefficient
scales as D ∝ (N + 1)−ν [47]. Since the chain does not
move as a ball, but rather as a pancake in 2D, the ex-
ponent is predicted to be ν = 3/4, just like in the cases
of Re and Rg, as long as the surrounding fluid is in 3D.
Our data in Fig. 6 (c) is best fit with ν = 0.71± 0.11.

In conclusion, this work shows that the mobility of
DNA on the droplet surface allows for the self-assembly
of colloidal, fully flexible polymers. The DNA-binder
concentration controls the droplet valence, such that we
obtain colloidomers with chain lengths whose distribu-
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tion agrees with random attachment. Their bulk synthe-
sis allows us to demonstrate that they are freely-jointed,
and that their size and diffusion coefficient scale with the
chain length in agreement with a self-avoiding polymer.

In the future, colloidomers will serve to build both
jammed [48] and complex ordered phases, such as close-
packed spirals, predicted by numerical simulations [49].
Even further, these colloidomers open the platform for
the self-assembly of complex three dimensional materials
or soft structures via a biomimetic folding approach [50].
The higher valence emulsions assemble into fibrous col-
loidal gels, mimicking the structure of cytoskeletal actin
or microtubule networks. Just as their structure is con-
tinuously reconfigured by the cell, the reversible nature
of the droplet-droplet bond paves the path towards re-
sponsive soft matter.
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