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Self-propelled particles, both biological and synthetic, are stably trapped by walls and develop high
concentration peaks over bounding surfaces. In swimming bacteria, like E. coli, the physical mechanism
behind wall entrapment is an intricate mixture of hydrodynamic and steric interactions with a strongly
anisotropic character. The building of a clear physical picture of this phenomenon demands direct and full
three-dimensional experimental observations of individual wall entrapment events. Here, we demonstrate
that, by using a combination of three-axis holographic microscopy and optical tweezers, it is possible to
obtain volumetric reconstructions of individual E. coli cells that are sequentially released at a controlled
distance and angle from a flat solid wall. We find that hydrodynamic couplings can slow down the cell
before collision, but reorientation only occurs while the cell is in constant contact with the wall. In the
trapped state, all cells swim with the average body axis pointing into the surface. The amplitude of this
pitch angle is anticorrelated to the amplitude of wobbling, thus indicating that entrapment is dominated by
near-field couplings between the cell body and the wall. Our approach opens the way to three-dimensional
quantitative studies of a broad range of fast dynamical processes in motile bacteria and eukaryotic cells.
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I. INTRODUCTION

When a self-propelled particle, moving with a persistent
speed v, reaches an impenetrable boundary, it will stay on
the boundary for a characteristic finite time τ before it
reorients and returns back to the bulk. The stationary
distribution of particles will then be characterized by a
surface density component σ such that the flux of bulk
particles colliding with the surface is balanced by the rate of
escapes from it. Using simple dimensional arguments [1,2],
the flux of incoming particles scales as ρv, with ρ the bulk
concentration, while the rate of escapes will scale as σ=τ.
By equating the two terms, we find that a finite surface
density builds up scaling as ρvτ. Persistence is thus a
sufficient condition for wall accumulation which does not
require any further physical mechanism to keep the cell in
contact with the boundary. Because of this, wall accumu-
lation is observed in practically every theoretical model of
active random walks with a finite persistence length [2–7].
When the boundary does not alter the reorientation dynam-
ics of the particle, the escape time τ will simply scale with
the bulk reorientation time so that σ ∝ ρl, where l ¼ vτ is
the persistence length of the active random walk in the

bulk [1]. In real swimmers, however, the presence of a
physical boundary can strongly affect the propulsion
mechanism by imposing no-slip boundary conditions on
the solvent flow [8] or by hindering the motion of flagella
[9,10]. These wall effects on motility can result in escape
times τ that are much longer than the typical reorientation
times in the bulk [11,12]. This results in surface-restricted
trajectories that are much longer and much more stable than
what would be expected by neglecting wall effects on
motility. We call this effect wall entrapment. Swimming
bacteria, like E. coli, display a pronounced wall accumu-
lation effect [13–15]. In addition to being an interesting
dynamical problem on its own, cell-wall interactions have a
strong biological relevance in the first stages of biofilm
formation [16–18]. Moreover, understanding cell-wall
interactions is also important in designing wall geometries
that can be used to direct bacteria inside microfluidic
devices [19,20] or exploit bacteria as tiny propellers in
microstructures [21,22]. Despite these broad implications
of wall accumulation in E. coli, in current literature it is still
under debate whether it is a purely statistical effect arising
from steric interactions [23] or rather a wall-entrapment
phenomenon of hydrodynamic origin [24]. On the theo-
retical side, it has been noted that hydrodynamic couplings
to the wall can provide a wall-entrapment mechanism
already in the far field [24]. Using boundary-element
methods, direct numerical simulations of rigid swimmers
moving in close proximity to a no-slip wall have found the
existence of stable trajectories with the cell swimming at a
finite distance from the wall in a “nose-up” configuration,
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i.e., with the cell long axis pointing away from the surface
by a small tilt angle [25–28]. More refined mesoscale
hydrodynamic simulations of mechano-elastic cell models,
including thermal noise and steric interactions, also find
stable trajectories with a cell axis that is again almost
perfectly aligned with the surface [29]. Similar simulations
of swarmer-type cells, having a longer shape and a random
distribution of flagella over the surface, show instead that a
complex mixture of near-field hydrodynamics and steric
repulsion leads to stable trapped states with cells that are
preferentially oriented towards the wall [30]. On the
experimental side, the analysis of accumulation profiles
of bacteria can be interpreted equally well with stochastic
models that either include hydrodynamics in the far-field
approximation [24] or disregard it completely [23]. A clear
experimental demonstration and description of a wall-
entrapment effect necessarily requires a three-dimensional
(3D) imaging technique, allowing the systematic analysis
of both positions and orientations.
Here, we demonstrate that, by using a combination of

three-axis holographic microscopy and optical tweezers, it
is possible to reconstruct the full 3D entrapment dynamics
of smooth swimming E. coli cells that are sequentially
released at a controlled distance and angle from a flat solid
wall. We analyzed about 300 individual entrapment events
where we could resolve the three main stages of wall
entrapment (approach, alignment, and surface swimming).
For each of these stages, we could quantitatively gauge the
relative importance of the involved physical mechanisms.
For instance, we found that cell reorientation starts at
contact, where steric interactions are dominant. Steric
forces alone, however, are not sufficient to account for
stable surface swimming, which always occurs with the cell
pointing into the surface (“nose down”). We also found that
wobbling, i.e., a precession motion of the cell-body axis
around the swimming direction, plays an important role in
determining both swimming pitch angle and distance from
the wall.

II. 3D VISUALIZATION OF COLLISION
EVENTS STARTING FROM CONTROLLED

INITIAL CONFIGURATIONS

Even if precise 3D tracking of bacteria positions is
possible [13–15,23,31–33], obtaining volumetric images
of swimming cells is a rather challenging task. Bacteria
like E. coli have a body length of approximately 2 μm that is
propelled by a spinning bundle of helical flagella at an
average speed of about 20 μm=s [34,35]. A reasonable
time resolution for tracking would be such that the cell body
is displaced by 1=10 of its size between frames, giving a
required frame rate of about 100 fps. This requirement has to
be combined with a submicron spatial resolution in both
transverse and axial directions to allow precise tracking of
both position and orientation of the swimming cell. A typical
wall-trapping event takes place in a three-dimensional field

of view measuring about 50 × 50 × 10 μm3. The combina-
tion of all these requirements rules out the possibility of
using microscopy techniques relying on a mechanical scan
of the focal plane, i.e., confocalmicroscopy since, apart from
recent advances where 512 × 512-pixel plane sections can
be acquired at up to 200 Hz [36], most of the solutions offer
video-rate frame rates for a single plane [37]. Here, we use a
novel three-axis approach to in-line holographic microscopy
[38,39], where volumetric images can be obtained with 0.4
and 0.8 μm of, respectively, lateral and axial resolution at a
frame rate that is mainly limited by the camera and that was
100 fps in our case. The working principle of our technique
is summarized in Fig. 1. Although in-line holographic
microscopy has been used previously for center-of-mass
tracking of microparticles [40,41], or indirect 3D shape
reconstruction through fitting procedures [42], our three-
axis implementation provides an unprecedented axial res-
olution that allows for direct 3D imaging of the prolate
cell body. A quantitative approach requires, in addition to a
suitable 3D microscopy technique, the possibility of gen-
erating a large number of collision events starting from
controlled initial configurations. Optical trapping provides
an ideal tool in this respect [43,44]. The cell body of E. coli
can be stably trapped in three dimensions and with limited
photodamage, using optical traps in the near infrared
[39,45–47]. The elongated cell body also experiences a
restoring torque that aligns the body axis along the trapping
beam axis. This last axis can be easily tilted by deliberately
underfilling the objective entrance pupil on one side. More
precise control of cell orientation can be achieved using two
holographic traps to grab the cell body at the two poles.
Individual cells were trapped, oriented, and released from a
fixed distance of about 10 μm from the top glass wall of the
sample chamber. A movie showing a sequence of collision
events can be found in Ref. [48]. We acquired a total of
278 bacteria tracks, with initial pitch angles ranging from
50 to 90°.
Figure 2(a) shows a wall-entrapment event from a distant

viewpoint that highlights the phenomenon of circular
clockwise swimming over a no-slip interface [49]. A closer
look from a lateral viewpoint is reported in Fig. 2(b),
showing a sequence of superimposed volumetric recon-
structions viewed from a direction that is orthogonal to the
surface normal. The time evolution of height z and cell
pitch angle θ with respect to the wall surface are plotted in
the inset [Fig. 2(c)] for the same cell. As the cell swims
towards the surface, the distance z between cell-body center
and interface drops down linearly up to t ¼ 0.75 s, where a
sharp change in slope is observed. Eventually, the distance
reaches a stationary value, for t > 1.25 s, where the cell
has been trapped by the wall and swimming is restricted to
the wall surface. On the same graph, we report the time
evolution of the cell pitch angle θ, where two components
can be distinguished in the signal: a fast (about 8 Hz)
precession of the body (wobbling [39,47]) and a slower
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alignment of the precession axis from an impact angle of
approximately 60° to a steady positive angle of about 10°
with respect to the wall surface. Three regions are again
clearly distinguishable. Before t ¼ 0.75 s, the angle θ
wobbles around a roughly constant value. Most of the
reorientation occurs between 0.75 s and 1.25 s, while for
t > 1.25 s, the angle oscillates around a stationary and
small positive value. This qualitative subdivision in three
stages emerges quite clearly in all trajectories, although
quantitative differences are present because of the high
variability of cell length, speed, and wobbling amplitude.
The condition for which the cell spherocylindrical
body and coverslip are in contact is given by z ¼
ða − bÞ sinðθÞ þ b (where 2a and 2b are, respectively,
the cell-body length and thickness). We can look at all
the tracks at once, plotting θ versus the normalized vertical
coordinate ðz − bÞ=ða − bÞ, as shown in Fig. 3(a). In this
way, the contact condition, plotted as a black dashed line,
is independent from a and b; also, the variability due to
different cell speeds is eliminated.

A. Stage 1: Approach

We begin by discussing the first stage, the approach,
defined by the condition z − b=a − b > sin θ, where the
cell can interact with the surface only through the fluid and
not by direct-contact interactions. In Fig. 3(a), we show,
with gray lines, the raw θ vs ðz − bÞ=ða − bÞ curves. As
already discussed, because of a high and variable degree of
wobbling, traces form a thick cloud, but an overall scenario
is still clearly visible. Three representative cell trajectories
are highlighted in color. The blue and red traces correspond
to bacteria with small wobbling angles, having high
(about 90°) and low (about 60°) start angles, respectively.
The green line represents a strongly wobbling cell that
approaches the wall at an intermediate impact angle. In all
three cases, the impact angle θ does not show a significant
reduction from the large distance value to the collision line
[dashed line in Fig. 3(a)], meaning that there is no visible
“roundout” (parallel alignment) solely due to hydrody-
namic couplings to the wall. On the contrary, deterministic
simulations of an E. coli-like dipole swimmer in the

incident field

scattered field

focal plane

cover glass

numeric backpropagation

(b)(a) (c)

FIG. 1. Working principle of three-axis holographic microscopy. (a) The sample is illuminated by three partially coherent beams
having different colors and directions. (b) The resulting hologram arising from the interference between scattered and unscattered light is
acquired by a RGB camera. (c) A volumetric image of the sample is obtained as the overlap of three independent reconstructions
obtained by numerically backpropagating the holograms (see also Ref. [48]).

FIG. 2. (a) Sequence of volumetric reconstructions of swimming cells during a wall-entrapment event. (b) A close and lateral view of
another cell colliding with the wall. Time intervals between reconstructions are 0.2 s in both figures. (c) For the same cell as in (b), the
wall distance is plotted as a black line, while the red line plots the angle of the cell-body axis. In both curves, three stages can be
identified: approach to the wall, reorientation, and surface swimming. The grey shaded areas help to visualize these three stages.
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presence of an infinite no-slip surface indicate that the cell
should reorient by approximately 10° just because of
hydrodynamic interactions [11]. To better quantify the
amount of reorientation arising from purely hydrodynamic
couplings, we compared the initial and final orientations of
the average cell-body axis (over a wobbling period) during
the approach stage, starting from trap release and ending at
first wall contact. We group cells by start angle, using
5° bin intervals, and compute the mean and standard
deviation of the collision angle. Results are shown in
Fig. 3(b). Collision angles show no systematic reduction
from the corresponding start value up to about 75°. The
reduction observed for close to orthogonal orientations
is compatible with a purely diffusive motion of the cell
axis with a diffusion coefficient estimated to be Dr ¼
0.06 rad2=s (solid black line), which is also close to the
value reported in Ref. [11]. If any hydrodynamic contri-
bution to cell reorientation is present, it has to be smaller
than expected and hidden by a strong diffusive dynamics.
Conversely, hydrodynamic effects become clearly visible
when we look at the vertical speed of approach as a
function of cell height z, as reported in Fig. 3(c). The blue
line refers to the same weakly wobbling cell in Fig. 3(a),

while open circles represent the average speed, for all
trajectories having a start angle larger than 70°. A marked
reduction in vertical speed is observed that is qualitatively
consistent with the far-field picture of bacteria as dipolar
“pushers” that slow down in approaching the wall because
of the backflow generated by image singularities at a no-
slip boundary [8]. However, a dipolar representation is not
enough to quantitatively account for the observed speed
reduction unless we move the dipole origin on a point that
is unphysically closer to the cell-body pole facing the wall.
One possibility could be that of considering higher-order
singularities, but a breakdown of far-field predictions is
expected for the distance range examined here [8].
Therefore, we choose to follow Ref. [50], and since during
approach the flagellar bundle will always point away from
the surface and cells will impact the wall with the cell body,
we only consider body-wall hydrodynamic coupling and
neglect bundle-wall interactions. We numerically computed
the axial translational resistance AbðzÞ of a spherocylinder
aligned along the wall normal and for different heights z.
The vertical speed is then obtained by assuming that both
flagellar thrust and resistance A0

f are constant and that the
resistance of the full cell can be obtained by simply adding
the bundle and body resistances:

FIG. 3. (a) Gray lines plot the body pitch θ as a function of the normalized distance ðz − bÞ=ða − bÞ. Blue, green, and red lines refer to
bacteria approaching the wall with, respectively, high, intermediate, and low impact angles. The black dashed line represents the contact
condition [ðz − bÞ=ða − bÞ ¼ j sin θj]. (b) Collision angle at first impact plotted versus the corresponding starting value (red dots). Error
bars represent þ=−, the standard deviation over cells with a start angle falling in the same 5° bin interval. The solid black line is the
theoretical prediction for cells reorienting with a purely diffusive motion (Dr ¼ 0.06 rad2=s), while the shaded area represents the
corresponding standard deviation. (c) The blue line plots the vertical component of the velocity as a function of the cell-wall distance for
a bacterium approaching the glass wall almost perpendicularly (θ ≈ 90°). The velocity has been normalized to its bulk value, while the
cell-wall distance z is divided by the cell-body half-length a. The same quantity, averaged over all bacteria having an angle θ > 70°, is
shown as a blue line. The black line plots a theoretical prediction that only accounts for an increase of the cell-body drag due to the
presence of the wall [see Eq. (1)]. (d) Time evolution of tan θ during reorientation. Color coding is the same as in (b). For each curve, the
time origin has been shifted so that the cell first hits the wall at time t ¼ 0.
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vzðzÞ
v0z

¼ A0
b þ A0

f

AbðzÞ þ A0
f

: ð1Þ

Using Lighthill’s slender-body theory [51] with bundle
parameters as in Ref. [52], we estimate A0

f¼0.011pNs=μm.
The cell-body dimensions were set to the average measured
length and thickness in our samples. Our results, reported
as a black solid line in Fig. 3(c), show an excellent
agreement with experimental data with no fitting param-
eters involved.

B. Stage 2: Reorientation

The approach stage is followed by a markedly different
stage during which most of the reorientation occurs with
the cell body being in constant contact with the surface.
During reorientation, all trajectories in the θ, z space of
Fig. 3(a) closely follow the dashed line marking the contact
condition z ¼ ða − bÞ sin θ þ b. A complete and accurate
description of this second stage would require a mixture of
near-field hydrodynamic interactions and direct contact
forces, which is beyond the scope of the present paper. We
simply notice here that from a purely hydrodynamic
calculation based on far-field flows, the cell is expected
to reorient with an angular velocity whose leading term
is given by dθ=dt ∝ − sin θ cos θ [8] or, equivalently,
d tan θ=dt ∝ − tan θ. A very similar form is obtained if
we neglect hydrodynamic couplings and only consider
steric interactions with the wall. Based on these two
observations, a similar behavior for d tan θ=dt is expected
to be found even in a more complete treatment of
reorientation dynamics close to contact. If this is correct,
then we should expect to see that the tangent of the angle θ
relaxes exponentially. Figure 3(d) reports the time evolu-
tion of tan θ for all traces that display a clear reorientation
phase; highlighted in color are the same three tracks shown
in Fig. 3(a). A clear exponential decay is visible, especially
in the blue track corresponding to a weakly wobbling cell
arriving at almost normal incidence. All tracks have been
shifted along the time axis to have time t ¼ 0 correspond-
ing to the collision time, that is, the time when the cell-
surface gap falls below a fixed threshold or, in other words,
when the corresponding track in Fig. 3(a) first hits the
dashed contact line. The fact that the exponential decay
starts right after t ¼ 0 indicates that contact interactions are
the primary driving force for the exponential reorientation.
Far-field hydrodynamics would also give rise to an expo-
nential decay, but if it were the main mechanism here,
we would expect to see an exponential decay starting
before t ¼ 0.

C. Stage 3: Surface swimming

If hydrodynamic effects were completely negligible,
steric forces alone would reorient the cell parallel to the
surface and the angle θ would decay all the way down to

zero. On the contrary, tracks in Fig. 3(a) leave the contact
line before ending at zero, and the angle θ starts to oscillate
around a finite positive value. For each cell, we compute the
average pitch angle θ̄ as the angle formed by the time-
averaged cell-body axis and the wall surface. The wobbling
angle θw is defined as the angle formed by the body axis
and its precession axis obtained by averaging over a
wobbling period. In Fig. 4, we plot θ̄ and θw for 278
bacteria in the surface swimming stage. The magnitude of θ̄
and θw can vary a lot among cells. In particular, we find a
mean θ̄ of 10° with a standard deviation of 7°, while the
mean and standard deviation of θw are, respectively, 20°
and 8°. We first point out that the vast majority of cells
swim “nose down,” with a positive θ̄ and therefore with the
flagellar bundle that constantly pushes the cell body down
onto the surface. This possibility was first proposed in
Ref. [31] on the basis that elongated bodies translating over
a surface are subject to two opposing hydrodynamic
torques that might be balanced at a finite positive angle.
A qualitatively similar result can also be found through a
far-field analysis, including multipolar order higher than
the lowest dipole term [8]. A first experimental indication
that a cell might swim at a positive angle was given in
Ref. [50], although standard epifluorescence microscopy
only allowed one to study bacteria swimming at the bottom
wedge of a vertical wall. For the first time here, having
access to 3D volumetric reconstructions, we can observe E.
coli cells swimming over a large flat surface from a lateral
viewpoint. We find that the mean pitch angle is 10°, with
peak values that can exceed 30°. However, it is not at all
obvious that the lifting torque that brings the cells to such a
high pitch angle is entirely hydrodynamic in origin. Full
hydrodynamic simulations using boundary-element meth-
ods have been used to solve Stokes equations for a prolate
cell body propelled by a rigid helical propeller. All these
studies [25–28] consistently find a small and negative
(nose-up) angle, which is in striking contrast to our data.
A more refined model, which simulates individual flagella
in the bundle explicitly using a mechano-elastic approach,
finds again a practically zero average pitch angle, although
large fluctuations are present [29]. In this previous model,
four flagella are symmetrically arranged in close proximity
to one of the cell poles, and a bundle forms along the same
direction as the body long axis. More recently, similar
simulations have been performed for a swarmer-type
model, having many flagella randomly distributed over
the cell surface [30]. In this last case, a bundle forms with a
main axis that is tilted with respect to the cell-body long
axis by an angle that is comparable to what was observed in
our experiments. These model cells also display a high
degree of wobbling and are found to swim at relatively
large positive pitch angles (2°–10°). These simulations
seem to suggest that a positive correlation is to be expected
between the wobbling angle and the pitch angle. On the
contrary, experimental pitch angles are anticorrelated with
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the wobbling angle: Weakly wobbling cells swim at large
inclination angles, while strong wobblers tend to swim with
an average orientation that is more parallel to the surface
(Fig. 4). It is important to remark here that neither hydro-
dynamics nor anisotropic steric interactions with the wall
are necessary to observe an average polarization of
swimmers that points towards the wall [53]. As already
described in the Introduction, even purely spherical par-
ticles having no hydrodynamic interactions, but moving
with a persistent speed, they will accumulate over a
confining wall and remain in contact with the wall as long
as the propulsion speed points towards it. This is already
enough to generate a positive polarization towards the
wall. The same particles, however, will reorient freely and
leave the wall on a time scale that is given by the typical
reorientation time in the bulk. What we observe here is
instead a stable polarization towards the wall that persists
for the entire observation time and cannot be accounted for
without introducing some extra wall coupling mechanism
that constrains θ̄ in the neighborhood of a positive value.
Although hydrodynamic couplings can result in such nose-
down configurations [8,31,50], we hope that forthcoming
accurate simulations will clarify whether hydrodynamics
alone is sufficient to quantitatively reproduce our exper-
imental findings.
As opposed to the reorientation phase, in the surface

swimming stage, the cell is not in constant contact with
the surface, the coordinates ðz; θÞ leave the contact line,
and the cell wobbles at an approximately constant value
for z [see Fig. 3(a)]. To better highlight this 3D character
of surface swimming, we report in Fig. 4 three selected

trajectories with small, average, and large wobbling angle.
In all three trajectories, the center of mass moves on a
smooth path (black line), while the front and back poles
of the cell, respectively in red and blue, trace helicoidal
paths. This observation can be explained as follows.
During reorientation, θ is sufficiently large, so there is
a substantial vertical component of thrust that guarantees
constant contact between the cell and the wall. After
reorientation, the cell is almost parallel to the surface, and
vertical thrust is not large enough to maintain the cell in
contact with the wall when the front pole lifts up from the
surface because of wobbling. The magnitude of the pitch
angle is expected to increase when the front pole is closer
to the surface and large viscous stresses in the gap develop
a torque that tends to tilt the cell nose down [8,50].
Moreover, cells that wobble more will have a front pole at
a higher average distance from the surface compared to
weakly wobbling cells. These arguments provide a pos-
sible explanation for the fact that cells that wobble more
will have a smaller pitch angle, as shown by the data
in Fig. 4.

III. DISCUSSION

We have shown that our three-axis implementation of
inline digital holographic microscopy provides the com-
bination of high speed and good axial resolution that is
required to observe the full three-dimensional dynamics
of rod-shaped swimming bacteria approaching a solid
wall. Through an extensive and quantitative analysis of
the recorded volumetric movies, we could assess the

FIG. 4. Scatter plot of the time-averaged pitch angle θ̄ and the wobbling angle θw for cells that are swimming close to the surface.
Green vertical and horizontal lines represent the mean over all the analyzed bacteria. An anticorrelation between θ̄ and θw is visible.
Three selected cells’ trajectories with small, average, and large wobbling are also shown. The black line represents the trajectory of the
center of mass, while blue and red lines represent, respectively, the back and front poles.
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relative importance of the main physical mechanisms
involved in the wall-entrapment phenomenon. We con-
clude that, although hydrodynamic couplings slow down
cells as they approach the wall, it is mainly through steric
forces at contact that the average cell axis reorients in a
direction that is parallel to the wall plane. However, the
reorientation is not complete, and near-field hydrody-
namic couplings between the cell body and the wall
maintain the body axis at an inclined direction, with the
cell front pole pointing into the surface. This mechanism
is essential for stable trapping, while steric forces alone
would not prevent escape from the wall because of
orientational diffusion. The available full 3D information
also reveals that the amount of cell wobbling plays an
important role in determining mean pitch angle and
distance from the wall in the trapped state. We still need
to understand the physical origin of the force that lifts the
back of the cell and produces a positive average pitch
angle. Although pure hydrodynamic arguments seem to
provide a justification, accurate numerical simulations fail
to reproduce experimental data unless individual flagella
are included explicitly and the cell is treated as a complex
dynamical body. If forthcoming full-hydrodynamic sim-
ulations with purely repulsive wall interactions fail to
quantitatively reproduce our findings, then a more refined
description of the cell-wall interaction will be required. In
this respect, our approach could provide further insights
by studying mutant strains with different surface proper-
ties (i.e., pili-deficient mutants) or surfaces, like liquid-air
interfaces, that provide different boundary conditions.
Prokaryotic flagella are too thin and do not scatter
enough light to be visualized in 3D with a holographic
technique like ours. In this case, integrating fluorescence
imaging in our setup could at least provide important
information on the bundle morphology and conformation
[52]. On the contrary, thicker eukaryotic flagella could be
directly imaged in 3D with our method, which could
provide an important tool to investigate a broad range of
intrinsically three-dimensional and fast dynamical phe-
nomena in motile cells like spermatozoa or flagel-
lated algae.
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APPENDIX: MATERIALS AND METHODS

1. Cell growth

E. coli cells (smooth swimming strain HCB437 [54])
were streaked on a Petri dish containing 1.5% of agar and
tryptone broth (1% tryptone and 0.5% NaCl). A single
colony was inoculated into tryptone broth and grown

overnight at 33 °C with 200 rpm rotation. The saturated
culture was then diluted 1∶100 (50 μl in 5 ml) into
fresh medium and grown for 4 h at 33 °C with 200 rpm
rotation. Bacterial cells were then harvested from culture
media by centrifugation at 8000 rpm for 2 min at room
temperature. The pellet was resuspended by gently mixing
in trapping buffer composed of potassium phosphate
100 mM (K2HPO4, KH2PO4, pH 7.0), 100 mM EDTA,
2% ðwt=volÞ glucose, 0.2% Tween 20, and an oxygen
scavenging system [45,47]. The cells were washed three
times to replace growth medium with trapping buffer.
Trapping buffer sustains bacteria motility and reduces the
oxidative damage to the cell induced by optical trapping
[45,46]. We used a diluted solution of bacteria for filling a
50 μm thick chamber made by a glass slide and a cover
glass glued together with a UV photoresist. Both the glass
slides were treated with a solution of sulfuric acid and a
glass-cleaning compound (NOCHROMIX) before washing
with purified water.

2. Optical setup

The sample is illuminated by three partially coherent
LED beams (with wavelengths 454, 525, and 637 nm)
forming a 45° angle with the optical axis and equally
spaced along the azimuthal coordinate. Three independent
holograms, produced by the interference between illumi-
nation and scattered light, are acquired by the three
channels of a RGB camera in a single snapshot. Using
numerical backpropagation, we reconstruct the field in a 3D
region of about 50 × 50 × 20 μm3. Our setup is also
equipped with a holographic trapping system based on
an infrared laser (λ ¼ 1064 nm) and a LCOS spatial light
modulator. A more detailed description of the setup can be
found in Refs. [38,39].

3. Analysis of volumetric images

Using the first two spatial moments of the 3D intensity
distributions, we obtain the center-of-mass coordinates x, y,
z, as well as the three components of the body axis ê ¼
ðex; ey; ezÞ as illustrated in Fig. 2(b). Cell lengths 2a are
directly obtained from volumetric images, while we assume
a fixed thickness 2b for all the cells [55]. Using fluores-
cence microscopy, we found an average thickness of
b ¼ 0.4 μm, with cell-to-cell variations that are small
compared to our resolution. We do not see the coverslip
directly, so the vertical position of the wall z0 has to be
determined for each track by looking at the cell trajectory.
We compute z0 as the minimum of z − ða − bÞj sinðθÞj − b,
representing the lowest point on the surface of a spher-
ocylindrical body of semiaxes a and b. For several tracks,
we could confirm the validity of our procedure by compar-
ing the obtained values of z0 with the position of small
particles that are occasionally found stuck on the wall
surface.
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